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Abstract The common and routine procedure for the

quantification of chlorophyll a (chl a) in aquatic studies

has a series of steps. Here, we sought to find optimal

conditions for phytoplankton cell harvesting, chl

a extraction, and chl a measurement and calculation,

to find an effective, cost-saving, safe, and environ-

ment-friendly procedure for determining phytoplank-

ton chl a concentration. We replaced the traditional

GF/C filters with inorganic polymer flocculants (IPFs)

and clay for phytoplankton harvesting, and then

various solvents (acetone, ethanol, DMF, and DMSO),

IPFs (PAC, PFS, and PAFS) and clay were tested for

their suitability for chl a extraction, with or without

homogenization at different temperatures for different

extraction durations. About 0.3–1.0 g l-1 of PAC or

PFSA combined with 1.0–2.5 g l-1 clay were found to

provide optimal conditions in terms of yield and cost

for phytoplankton cell harvesting from water samples.

Based on our results, we recommend flocculation and

centrifugation instead of glass-fiber membrane filtra-

tion for harvesting phytoplankton cells from environ-

mental water samples, 95% ethanol for chl a extraction

without homogenization and heating, and spectropho-

tometry to determine chl a concentration.

Keywords Chlorophyll a � Clay � Cyanobacteria �
Extraction solvent � Flocculation � Spectrophotometry

Introduction

The concentration of phytoplankton chlorophyll a (chl

a) is widely used as an indicator of the quality of

freshwater bodies (Pápista et al., 2002). Its determina-

tion usually includes three steps: algal cell harvesting,

chl a extraction, and chl a measurement and calcula-

tion. Each of these steps introduces several sources of

error and inaccuracy (Wasmund et al., 2006).

Algal cells are usually separated from the water by

filtration. Glass-fiber filters are widely used because of

large filtration capacity and flow rate (Aminot & Rey,

2001). Whatman GF/C and GF/F glass-fiber filters are

used by most researchers. These filters are available

with different pore sizes (0.7 or 0.45 lm) and

diameters (25 or 47 mm). An appropriate filter pore

size and a moderate suction pressure are required to

obtain the desired, undisrupted fraction (Wasmund

et al., 2006). Higher filtration pressures or excessively
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long filtration times ([10 min) may damage the cells

and result in loss of chl a (Arar, 1997). Humphrey &

Jeffrey (1997) suggested that the residual pressure

under the filter must be higher than 0.5 bar, whereas

Aminot & Rey (2001) applied vacuum to maintain the

pressure under 0.2 bar. Other researchers have rec-

ommended that residual pressure should be kept

higher than 0.7 bar (Arar, 1997). However, no stan-

dard procedure for filtration has been designed to date.

Filtration occasionally takes 2 h or much longer for

environmental sample, especially for samples con-

taining more particulate matter but less phytoplankton.

In turbid coastal regions, filtration of one sample may

take a long time and may require more than one filter

(Aminot & Rey, 2001). In addition, ideal storage

temperature and storage time of the sampled filtrates

exist disputes (Wasmund et al., 2006).

Flocculation is an efficient and cost-effective

method that is commonly used in various solid–liquid

separation processes, such as chemical and biological

wastewater treatment, water purification, and as a

tailing treatment in the mining and oil industries (Farid

et al., 2011; Piazza et al., 2011). A flocculant is a

substance that causes the suspended particles in a fluid

to aggregate and form discrete flocs (Piazza et al.,

2011). Most flocculants are polymeric and are used to

accelerate or improve the settling of suspended solids

in various types of wastewater (Patil et al., 2011), such

as during wastewater clarification (Maximova & Dahl,

2006). These flocculants are also used as filtration and

centrifugation aids (Lewellyn & Avotins, 1988).

Several solvents have previously been explored for

the extraction of pigments from phototrophic organ-

isms (Castle et al., 2011). The most commonly used

solvent, 80% acetone, was proposed by Arnon (1949)

to determine the concentration of chl a in plant

materials. Richards & Thompson (1952) applied

acetone to phytoplankton and provided the first

equation for spectroscopic quantification of

chl a from algae. However, acetone can sometimes

be a poor extractant for chl a in many vascular plants,

algae, particularly green algae (Schumann et al.,

2005), and cyanobacteria (Porra, 1991). Aside from

acetone, other solvents that can be used in chl a extrac-

tion are ethanol, DMF (N,N0-dimethylformamide) and

DMSO (dimethylsulfoxide) (Porra, 2002). However,

the use of DMF and DMSO as extractants is not

encouraged for safety reasons. The extraction effi-

ciencies of different solvents have been shown to vary

with water samples (Schumann et al., 2005), and even

with algal taxa (Pápista et al., 2002). However, the

efficiencies of these extraction solvents (acetone,

ethanol, DMF, and DMSO) for the spectrophotometric

analysis of chl a in bloom-forming cyanobacteria have

not been formally assessed.

In this study, we used flocculation and centrifuga-

tion instead of glass-fiber membrane filtration to

harvest algal cells. The first step for chl a determina-

tion should be effective, safe for the environment,

cost-efficient, and relatively quick. We estimated the

chl a extraction efficiencies of acetone, ethanol, DMF,

and DMSO using both water samples from the field

and axenic cultures. Chl a concentrations were

determined by spectrophotometry and were calculated

using various equations. The aim of our study was to

develop a standard, efficient, economical, and time-

saving protocol for the determination of chl a concen-

tration in phytoplankton, especially in samples from

eutrophic waters.

Materials and methods

Cyanobacterial cultures and water samples

Both water samples from the field and axenic cultures

were used for chl a determination. Axenic cyanobac-

terial cultures included unicellular cyanobacterium

Microcystis aeruginosa 905 and filamentous cyano-

bacterium Anabaena sp. PCC 7120. The two strains

were provided by the Freshwater Algae Culture

Collection of the Chinese Academy of Sciences. They

were axenically cultured in BG11 liquid medium

(Rippka et al., 1979). The cultures were subjected to a

12 h light:12 h dark cycle with a photosynthetically

active radiation (PAR) intensity of 30 lmol pho-

tons s-1 m-2 provided by cool white fluorescent

lamps at 25 ± 1�C. The cultured cyanobacteria were

harvested during the exponential growth phase.

The water samples were collected from the eutro-

phic Lake Chaohu (in Anhui Province, China), where

a clear succession in the phytoplankton community

was observed. The phytoplankton was dominated by

Anabaena in the spring, which was rapidly replaced by

Microcystis in early summer. Two samples were

collected from the surface of the lake in pelagic water

in April 2011 and June 2011, and they were dominated

by Anabaena ([92% total biomass) and Microcystis
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([95% total biomass), respectively. The phytoplank-

ton in each sample was counted and identified

according to the method described by Eker et al.

(1999).

Clay, flocculants, and extraction solvents

Clay was collected from the shore of Lake Chaohu,

air-dried to constant weight, and ground to fine powder

using a mortar and pestle. The powder was then sieved

using an 80-mesh screen and kept in a dry place until

use. The three flocculants used for the flocculation

experiment were polyaluminum chloride (PAC),

polymeric ferric sulfate (PFS), and polyaluminum

ferric silicate (PSFA) (Chucheng Biological Co. Ltd.

Wuhan, China). Acetone, ethanol, DMF, and DMSO

(Sinopharm Chemical Reagent Co. Ltd., Shanghai,

China) were used as the extractants. The physical and

chemical properties of the four extractants are enu-

merated in Table 1.

Cell harvest: filtration

The water samples were passed through Whatman

GF/C filters (47 mm in diameter). For each sub-

sample, the volume was first measured with a measur-

ing cylinder, and then it was passed through a vacuum

filtration apparatus with a suction pressure of less than

0.3 bar. The filter was removed from its placeholder

with tweezers and folded once with the particulate

matter inside (Arar, 1997), and then immediately used

for the chl a extraction step. Otherwise, the container

was wrapped with aluminum foil to protect the

phytoplankton from light and stored at -80�C.

Cell harvest: flocculation

Flocculation was performed using the commercial

inorganic polymer flocculants (IPFs) PAC, PFS, and

PSFA. Water samples were placed into screw-capped

centrifuge tubes (50 ml). Each of the IPFs was added

to the respective tubes to final concentrations of 0,

0.05, 0.1, 0.3, 0.5, 1.0, 1.5, and 2.0 g l-1 (three tubes

for each concentration). The floc in the tubes was

manually mixed by shaking and was then left to stand

for 30 and 60 min. Turbidity (NTU) of the supernatant

was measured around 1 cm to 3 cm below the water

surface using a UV–Visible spectrophotometer (TU-

1810, Purkinje General Instrument Co. Ltd, Beijing,

China) as described by Zou (2002).

We designed the ‘‘Flocculation and sedimentation’’

experiment based on the procedures outlined above.

Screw-capped centrifuge tubes (50 ml) were filled

with lake water samples, and then PAC or PSFA were

added to a final concentration of 0.5 g l-1. Clay was

immediately added to these tubes at eight concentra-

tions: 0, 0.2, 0.5, 1.0, 1.5, 2.5, 3.0, and 3.5 g l-1. The

tubes were quickly mixed by manually shaking and

were left to stand for 30 min. The contents of tubes

were then centrifuged for 10 min at either 2,000 or

4,000 rpm (4,800 or 9,6009g) with a Hitachi centri-

fuge (CR22GII, Tokyo, Japan). The NTU was mea-

sured as described in the previous subsection. Three

replicates were analyzed for each treatment group.

Cell harvest: centrifugation

The laboratory cultures were harvested via centrifu-

gation for 10 min at 10,000 rpm (24,0009g) with a

Hitachi centrifuge. The pellets were resuspended in

high-quality ultra-pure Millipore water, then centri-

fuged again. The supernatant was discarded and the

pellets were used for chl a extraction with different

solvents (acetone, ethanol, DMF, and DMSO).

Effect of homogenization on the extraction

efficiency

Chl a was extracted with 90% acetone and 95%

ethanol with or without grinding as follows: (1) the

frozen GF/C filters (with cyanobacterial cells) were

ground with a glass mortar and pestle filled with about

Table 1 The physical and chemical properties of solvents acetone, ethanol, DMF, and DMSO

Solvents Melting point (�C) Boiling point (�C) Volatile Flammable Toxicity Form

Acetone -96.4 56.5 Easily Highly Lower Water-like

Ethanol -114.3 78.4 Easily Highly Lower Water-like

DMF -61 153 Hardly No Higher Oil-like

DMSO 18.5 189 Hardly No Higher Oil-like
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5 ml of 90% acetone or 95% ethanol for several

minutes in subdued lighting conditions. After grind-

ing, the slurry was carefully transferred into a 15 ml

stoppered and graduated centrifuge tube. The rinsing

volumes were added to the centrifuge tube containing

the filter slurry. The extract in the centrifuge tube was

then added with the corresponding extractant to

achieve a volume of exactly 10 ml. (2) Alternatively,

the frozen GF/C filters (with cyanobacterial cells)

were directly soaked in centrifuge tubes filled with

about 10 ml of the respective solvents. The centrifuge

tubes were then kept in the dark for 24 h at 4�C prior to

extraction by grinding. Grinding of the filters by the

second method was conducted in a fume hood as

acetone and ethanol are both volatile (Arar, 1997).

Effect of heating on the extraction efficiency

Heating procedures were carried out with DMSO and

DMF because these solvents are suitable for heating

but not for grinding. Hot ethanol is an effective

extractant; however, the heat treatment needs to be

done in the dark and requires ethanol neutralized with

MgCO3. The procedures were divided into two sets

with four treatments each as follows: for DMSO, the

lake water samples on frozen GF/C filters were placed

in screw-capped centrifuge tubes filled with 10 ml of

DMSO and incubated in the dark at either 25 or 60�C

for both of the two sets. Extraction times for DMSO

were set at 15, 30, 60, 90, 120, 150, 180, and 240 min.

For DMF, the lake water samples on frozen GF/C

filters were placed in screw-capped centrifuge tubes

filled with 10 ml of DMF and incubated in the dark at

either 25 or 100�C for both of the two sets. The

extraction times for DMF were set at 1, 2, 4, 6, 8, 15,

and 30 min for the samples at 100�C, and at 10, 20, 30,

60, and 90 min for the samples at 25�C. The temper-

ature was controlled using a water bath. After the

extraction step, the heated samples were left to stand in

the dark at room temperature for 30 min before further

analysis.

Effect of flocculants and clay on extraction

efficiency

Tests of the flocculants and clay were carried out using

lake water samples and laboratory cultures. For lake

water samples, 50 ml screw-capped centrifuge tubes

were filled with 40 ml of lake water. For laboratory

cultures, 15 ml centrifuge tubes were filled with 10 ml

of the cultures. PAC or PSFA was added to each tube

at a final concentration of 0.5 and 1.0 g l-1 clay was

added immediately. The tubes were quickly mixed by

manually shaking, allowed to stand for 30 min, then

centrifuged for 10 min at 2,000 rpm (4,8009g). Lake

samples without ‘‘Flocculation and sedimentation’’

treatment were used as controls and were filtered using

Whatman GF/C filters. Similarly, 10 ml of cultures

that were directly centrifuged for 10 min at 2,000 rpm

(4,8009g) without any additional chemicals were also

used as controls. For all harvested cells, chl a was

extracted using four solvents (90% acetone, 95%

ethanol, 100% DMF, and 100% DMSO). Three

replicate samples were prepared for each treatment

group.

Chlorophyll a measurement and calculation

Spectrophotometer with a 1-cm light path cuvette was

used to measure and calculate chl a content, according

to the methods described in Table 2. All extracts were

centrifuged for 10 min at 10,000 rpm (24,0009g), and

their respective supernatants were decanted into clean

centrifuge tubes (to a constant volume of 10 ml), and

transferred into the measuring cuvette of a UV–

Visible spectrophotometer (TU-1810, Purkinje Gen-

eral Instrument Co. Ltd, Beijing, China). If the

absorbance at 750 nm exceeded 0.005 AU for any

sample, the sample was re-centrifuged prior to anal-

ysis (Arar, 1997). If the sample extract needed to be

acidified, four drops of 0.1 mol l-1 HCl were added to

the centrifuge tubes with 10 ml of the supernatant. The

respective wavelengths of the extracts were measured

again 3 min after acidification (Arar, 1997; Wasmund

et al., 2006). To obtain scanning spectra, the absorp-

tion spectrum of the supernatant was obtained between

750 and 600 nm with a Beijing Purkinje TU-1810

UV–Visible spectrophotometer using a quartz cuvette

in spectral scanning mode. The baseline of the

spectrum had previously been set to zero. The

parameters were set to medium-speed scanning in

single-scanning mode with a 0.1 nm bandwidth inter-

val (Jeffrey et al., 1999; Ritchie, 2008). Equations for

chl a, b, c1, c2, and d are available for acetone and

ethanol (Humphrey & Jeffrey, 1997; Ritchie, 2006),

but equations are only available for chl a and b for

DMF and DMSO. Hence, DMF and DMSO are

therefore unsuitable in many situations.
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Statistical analysis

All treatments were performed in triplicates. Data

were statistically analyzed by performing one-way

ANOVA followed by the least significant difference

(LSD) post hoc test (SPSS, Chicago, IL, USA), at the

95% confidence level. All data are presented as

mean ± standard deviation (SD).

Results

Flocculation efficiency of the three IPFs

PAC and PSFA have significantly better flocculation

abilities than PFS (Table 3). The phytoplankton

quickly flocculated from the water column after the

IPFs were added. The optimal concentration ranges of

PAC and PSFA were 0.1–0.5 and 0.1–1.0 g l-1,

respectively, for April Anabaena-dominated water

sample, whereas the optimal ranges were 0.1–1.0 and

0.3–1.0 g l-1, respectively, for June Microcystis-

dominated water sample.

Flocculation and sedimentation method for cell

harvesting

A relatively stable sedimentation effect of clay was

observed between 1.0 and 2.5 g l-1 (Table 4). In

addition, the sedimentation effect of centrifugation at

2,000 rpm was much better than that at 4,000 rpm.

However, no significant difference in the sedimenta-

tion efficiency was observed when PAC or PFSA was

used as the flocculant.

Table 2 Chl a extraction conditions, calculation equations and references for four solvents

Extractants Calculation and references Temp.

(�C)

Duration

(h)

Acidification Homogenization

90% Acetone

Acetone-1 11.4062*A664* V1/V2 Ritchie (2006) 4 24 No Yes

Acetone-2 (11.6*A665–1.31*A645–0.14*A630)*V1/V2

Parsons & Strickland (1963)

4 24 No Yes

Acetone-3 [11.64*(A663–A750)–2.16*(A645–A750) ?

0.10*(A630–A750)]*V1/V2 SEPB (2002)

4 24 No Yes

Acetone-4 [27.3*(Ab665–Ab750)–(Aa665–Aa750)]*V1/V2

Yang et al. (2007)

4 24 Yes Yes

95% Ethanol

Ethanol-1 (13.7*A665–5.76*A649)*V1/V2

Wintermans & de Mots (1965)

4 24 No No

Ethanol-2 [27.9*(Ab665–Ab750)–(Aa665–Aa750)]*V1/V2

Lan et al. (2009)

4 24 Yes No

Ethanol-3 11.9035*A665*V1/V2 Ritchie (2006) 4 24 No No

100% DMF

DMF-1 (12.7*A664–2.79*A647)*V1/V2

William & Paul (1985)

25 1 No No

DMF-2 (12.7*A663–2.35*A645)*V1/V2

Zhang (1990)

25 1 No No

DMF-3 (12.00A664–3.11A647)*V1/V2 Porra (2002) 25 1 No No

DMF-4 (11.85*A664–1.54*A647–0.08A*630)*V1/V2

Yu et al. (1995)

25 1 No No

DMF-5 (12.65*A664–2.99*A647–0.04*A625)*V1/V2

Yang et al. (2007)

25 1 No No

100% DMSO

(12.19*A665–3.45*A649)*V1/V2 Alan (1994) 25 3 No No

For each equation, V1, volume of solvent (ml); V2, volume of sample (ml). Subscripts indicate absorbance before acid addition (Ab)

and after acidification (Aa), respectively
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Effect of homogenization on extraction efficiency

Ninety percent acetone without homogenization had

the lowest extraction efficiency (Fig. 1). For the April

Anabaena-dominated sample, only 76.2% of the

pigment (relative to homogenized extraction) was

extracted with 90% acetone, whereas for the June

Microcystis-dominated sample, 76.3% of the pigment

was extracted. Homogenization with 90% acetone

significantly (P \ 0.05) improved the extraction effi-

ciency from both samples, but not to the levels

obtained with 95% ethanol. The extraction efficiencies

of 95% ethanol with or without homogenization on

both the April Anabaena-dominated and June Micro-

cystis-dominated samples did not differ significantly

(P [ 0.05).

Effect of heating on extraction efficiency

The effect of heating on chl a extraction efficiency was

tested using the April and June samples, which were

extracted with 100% DMSO (Fig. 2). For the April

Anabaena-dominated sample, the chl a extraction

efficiency reached its maximum (1.12 mg l-1) with

30 min incubation at 25�C. No significant differences

in the extraction times were observed between 30 min

and 180 min incubations. Meanwhile the extracted

amount at 60�C incubation reached its maximum

(1.10 mg l-1) after 90 min, before a slightly declining

trend was observed from 150 to 180 min. For the June

Microcystis-dominated sample, the extraction yield

reached its maximum after 180 min (0.86 mg l-1) and

after 120 min (0.86 mg l-1) when incubated at 25 and

Table 3 The changes of NTU of water samples collected from Lake Chaohu after the three IPFs (PAC, PSFA, and PFS) were added

Sample Flocculant Time

(min)

0 g l-1 0.05 g l-1 0.1 g l-1 0.3 g l-1 0.5 g l-1 1.0 g l-1 1.5 g l-1 2.0 g l-1

April PAC 0 218 ± 15.3 218 ± 15.3 218 ± 15.3 218 ± 15.3 218 ± 15.3 218 ± 15.3 218 ± 15.3 218 ± 15.3

30 169 ± 11.2 19 ± 1.3 18 ± 0.7 18 ± 1.2 17 ± 1.6 37 ± 0.9 224 ± 16.4 341 ± 32.9

60 143 ± 15.3 12 ± 0.7 5 ± 0.2 5 ± 0.5 5 ± 0.7 25 ± 3.0 247 ± 11.3 329 ± 18.6

PSFA 30 178 ± 12.4 16 ± 0.9 16 ± 1.4 15 ± 0.7 16 ± 1.1 17 ± 1.5 252 ± 18.2 462 ± 32.9

60 139 ± 10.9 9 ± 0.5 4 ± 0.3 5 ± 0.5 5 ± 0.2 4 ± 0.3 290 ± 19.8 429 ± 35.7

PFS 30 175 ± 13.2 158 ± 16.1 68 ± 7.2 62 ± 3.6 79 ± 5.9 137 ± 12.4 271 ± 23.5 364 ± 37.8

60 148 ± 11.6 169 ± 13.5 43 ± 2.5 45 ± 3.3 65 ± 4.9 159 ± 12.7 216 ± 21.6 347 ± 35.7

June PAC 0 144 ± 9.2 144 ± 9.2 144 ± 9.2 144 ± 9.2 144 ± 9.2 144 ± 9.2 144 ± 9.2 144 ± 9.2

30 110 ± 8.7 52 ± 4.8 32 ± 4.1 14 ± 1.7 9 ± 0.7 63 ± 8.1 313 ± 15.3 342 ± 23.5

60 97 ± 7.5 37 ± 4.2 28 ± 2.9 9 ± 1.0 3 ± 0.1 22 ± 1.1 284 ± 11.9 367 ± 19.8

PSFA 30 118 ± 10.0 84 ± 7.1 53 ± 3.4 11 ± 0.9 10 ± 0.7 4 ± 0.3 512 ± 29.8 599 ± 33.6

60 99 ± 8.5 65 ± 6.9 39 ± 2.3 7 ± 0.5 3 ± 0.4 2 ± 0.1 473 ± 29.7 568 ± 36.1

PFS 30 115 ± 9.9 113 ± 6.7 95 ± 5.8 87 ± 8.9 98 ± 5.8 139 ± 9.4 382 ± 21.7 425 ± 28.6

60 90 ± 5.9 87 ± 6.9 68 ± 5.7 48 ± 3.1 53 ± 3.3 125 ± 7.9 369 ± 21.8 467 ± 42.1

Table 4 The changes of NTU of water samples collected from Lake Chaohu when 0.5 g l-1 flocculants (PAC and PFSA) were

added combining with different concentrations of clays

0.5 g l-1 Clay (rpm) 0 g l-1 0.2 g l-1 0.5 g l-1 1.0 g l-1 1.5 g l-1 2.5 g l-1 3.0 g l-1 3.5 g l-1

April PAC 4,000 92 ± 7.4 21 ± 1.5 9 ± 0.6 5 ± 0.6 4 ± 0.1 5 ± 0.3 11 ± 0.4 15 ± 0.9

2,000 87 ± 6.5 11 ± 0.6 4 ± 0.1 1 ± 0.0 1 ± 0.1 1 ± 0.1 10 ± 0.8 17 ± 0.7

PFSA 4,000 85 ± 6.5 17 ± 1.1 6 ± 0.1 3 ± 0.3 3 ± 0.1 3 ± 0.0 9 ± 0.4 13 ± 0.5

2,000 87 ± 5.9 7 ± 0.3 2 ± 0.1 1 ± 0.1 1 ± 0.0 1 ± 0.0 8 ± 0.2 15 ± 0.7

June PAC 4,000 79 ± 6.7 26 ± 2.3 11 ± 0.8 9 ± 0.3 10 ± 1.1 11 ± 0.5 17 ± 0.8 23 ± 1.5

2,000 92 ± 10.2 15 ± 0.8 7 ± 0.3 2 ± 0.0 1 ± 0.0 1 ± 0.1 11 ± 1.2 28 ± 2.1

PFSA 4,000 84 ± 7.8 21 ± 1.6 8 ± 0.3 9 ± 0.6 11 ± 0.5 10 ± 0.7 18 ± 0.5 27 ± 1.8

2,000 89 ± 6.8 9 ± 0.3 4 ± 0.1 1 ± 0.1 1 ± 0.0 1 ± 0.1 16 ± 1.7 31 ± 2.4
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60�C, respectively. A similar trend was observed at

60�C, where the extraction yield decreased slightly

from 80 to 240 min. These results clearly showed that

incubation at 60�C was less preferable to that at 25�C

when using 100% DMSO.

Efficiencies of chl a extraction in 100% DMF with

incubation at 100 and 25�C were compared using

April and June samples from Lake Chaohu (Fig. 3).

For the April Anabaena-dominated sample, the chl

a concentration reached its maximum (0.76 mg l-1)

after extraction for 2 min before it gradually decreased

to 0.71 mg l-1 30 min later. The extraction yield

reached its maximum (0.76 mg l-1) after 30 min of

extraction at 25�C using DMF, and remained stable

thereafter. For the June Microcystis-dominated sam-

ple, the optimum extraction time was 6 min at 100�C

using DMF, and the yield declined when the extraction

time was more than 6 min. The highest yield

(0.79 mg l-1 chl a) was achieved after extraction for

30 min in 25�C using DMF, which was significantly
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higher than the maximum amount (0.73 mg l-1)

extracted at 100�C using DMF (P \ 0.05). In addition,

the chl a concentration after extraction at 25�C using

DMF was constant for extraction times ranging

between 30 and 90 min. These results indicated that

extraction at 25�C was more suitable than that at

100�C in 100% DMF for either sample.

Chlorophyll a measurement and calculation using

different methods and equations

For the Anabaena sp. PCC 7120 cultures, the average

chl a concentration as measured by 13 methods was

2.34 mg l-1 (Fig. 4). 90% acetone produced the lowest

concentration with an average value of only

1.874 mg l-1, whereas 100% DMF produced the high-

est yield with an average value of 2.66 mg l-1. The

measured values of 95% ethanol extraction were very

close to the average chl a concentration in all the 13

methods. For the M. aeruginosa 905 cultures, similar

results as those of the Anabaena sp. PCC 7120 cultures

were observed. However, the extracts with DMSO

showed the largest variation between the two cultures.

Moreover, our results indicated that the monochromatic

equation overestimated chl a extracted from M. aeru-

ginosa 905 in 90% acetone as compared with the

trichromatic equation (Fig. 4; Table 2). The trichro-

matic equation (DMF-4) significantly underestimated
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the chl a content extracted from M. aeruginosa 905 in

90% acetone compared with the dichromatic equations

(DMF-1 and DMF-2).

A significant positive correlation was observed

between chl a concentration and cell density (Fig. 5).

This correlation was relatively less significant for the

extracts in 100% DMSO when compared with extracts

using the other three solvents. According to the

mathematical principle of the straight-fitting line

equation Y = kX (k [ 0), a greater k value produces

greater Y. The order of chl a yield using the four

solvents was 100% DMF [ 95% ethanol [ 90%

acetone [ 100% DMSO.

The four solvents showed different chl a extraction

efficiencies (Fig. 6). No statistically significant dif-

ferences were observed between the flocculants with

clay and the controls for the four solvents. Similarly,

as shown in Fig. 4, the extraction efficiencies of chl

a in 90% acetone and 100% DMSO were lower than

those of the other two solvents.

The chl a extracts obtained by using the four

solvents were scanned with a spectrophotometer. Chl

a peaks were at 663.4, 664.6, 664.1, and 665.6 nm in

90% acetone, 95% ethanol, 100% DMF, and 100%

DMSO, respectively, and their respective absorbance

values were 0.560, 0.525, 0.549, and 0.511 (Fig. 7).
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Thus, the peaks had shifted conspicuously in the four

solvents. The scanning spectra of the PAC ? clay and

PFSA ? clay groups were very similar to that of their

controls, as shown in Fig. 8, thus indicating that these

additives had no significant effects on the waveform

and peak of chl a extracts in the four solvents.

Discussion

In this study, we examined whether flocculation with

IPFs can substitute filtration with glass-fiber filters for

efficient water-algae separation. Among the IPFs,

PAC, PSFA, and PFS are the most efficient and widely

applied flocculants (Lu et al., 2009; Wang et al., 2011).

PAC and PFSA exhibited perfect separation effi-

ciency, while PFS was not found to be suitable for

flocculation in our studies.

Flocculant dosage is an important parameter for the

optimal destabilization of colloidal suspensions as

excess use of the polymer represents extra costs (Daniel

et al., 2011). If the flocculant dosage is quite low, it

would not be able to induce rapid flocculation (Ferretti

et al., 2003). In contrast, an excess of flocculant could

disperse the colloidal suspension by charge inversion or

steric stabilization (Ferretti et al., 2003; Daniel et al.,

2011). The flocculants PAC and PFSA used in our study

had lower flocculation efficiency when their concentra-

tions were either lower than 0.3 g l-1 or exceeded

1.5 g l-1. After flocculation, the floc that floated on the

water column was in a bulk state and floated to the water

surface even after centrifugation. This can be attributed

to the biological characteristics of planktonic cyano-

bacterial cells (Liu et al., 2010), which possess gas

vesicles that cause them to float to the water surface in

calm water at the appropriate temperature (Ingrid &

Jamie, 1999). Therefore, it is difficult to completely

separate cyanobacterial cells from the water column by

relying only on PAC or PFSA.

Clay has been shown to act as useful ballast that

causes deposition of the flocculation complex (Lee

et al., 2008; Wang et al., 2012). In our study, clay

exhibited robust effects on sedimentation of flocs

within the optimal range from 1.0 to 2.5 g l-1

(Table 4). An insufficient amount of clay cannot

provide enough ballast to hold down the floc. How-

ever, excess clay may affect the chl a extraction

volume at later stages of extraction. For efficiency and

cost-saving purposes, 0.3–1.0 g l-1 of the flocculant

(PAC or PFSA) and 1.0 g l-1 clay were found to be
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the optimum concentration levels to achieve robust

flocculation and sedimentation efficiency for cells

harvested from water samples.

Homogenization leads to improved extraction effi-

ciency as a result of cell wall disruption (Wasmund

et al., 2006). Some algal groups, especially cyanobac-

teria and chlorophyceae, are rather resistant to extrac-

tion and may require mechanical disruption (Holm-

Hansen & Riemann, 1978). In our study, we found that

homogenization (grinding) did significantly improve

chl a extraction efficiency in 90% acetone (P \ 0.05).

However, there was no significant difference between

homogenized and non-homogenized samples if they

were extracted in 95% ethanol (P [ 0.05). Sartory &

Grobbelaar (1984) reported that homogenization sig-

nificantly improved extraction efficiency from Sele-

nastrum capricornutum but not to the extent achieved

with 95% ethanol. Lorenzen (1967) strongly recom-

mended grinding the filters if acetone was used as a

solvent. In addition, homogenization introduces addi-

tional errors and variability because of the additional

exposure of the extracts to light, heat, and irreproduc-

ible manipulation (Sartory & Grobbelaar, 1984; Was-

mund et al., 2006). At the very least, homogenization

can lead to evaporation, which needs to be compen-

sated by replenishing the solvent or some other form of

correction (Arar, 1997). Therefore, ethanol is a better

extractant than acetone for most purposes.

Heating may increase the extraction efficiency of

chl a, but heat treatment destroys the enzyme chloro-

phyllase (Bacon & Holden, 1967), which converts

chlorophyll to chlorophyllide (Sartory & Grobbelaar,

1984). Pan et al. (2001) proved that boiling at 100�C

was optimal for chl a extraction with DMF from

Chlorella ellipsoidea and Scenesmus obliquus. Wang

et al. (2009) extracted chl a from several plants with

DMSO at 60�C. The hot ethanol extraction method has

been used for chl a extraction in eutrophic water (Chen

et al., 2006), but Sartory & Grobbelaar (1984)

concluded that hot ethanol had poor extraction

efficiency. In this study, the extraction efficiencies of
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DMSO and DMF were compared at incubation

temperatures ranging between 25 and 60�C (Fig. 3)

and between 25 and 100�C (Fig. 4), respectively. Chl

a concentration showed a slightly decreasing trend

with increase in temperature. Our results indicated that

higher extraction efficiency and a more stable chl

a concentration could be obtained at 25�C compared to

those obtained by extraction with heating. The main

reason for this trend could be the accelerated degra-

dation of chl a at high temperatures (Wasmund, 1984).

Sartory & Grobbelaar (1984) also pointed out that

boiling in water bath at 100�C eventually resulted in

the formation of phaeophytin (within 30 s in 95%

ethanol and within 2 min in absolute methanol).

Riemann (1976) also reported observing degradation

of chlorophyll when methanolic extracts were boiled

at 100�C for more than 3 min.

A large variety of methods for determining chl

a concentrations are available in hydrobiology (Pápista

et al., 2002). The main difference among these methods

is the choice of the extracting solvent (Castle et al.,

2011). In this study, we compared the efficiency of

multiple extraction solvents (acetone, ethanol, DMF,

and DMSO) for the spectrophotometric analysis of chl

a extracted from different forms of cyanobacteria.

Since acetone has very sharp chl a absorption

peaks, it is the solvent of choice for chl a assays

(Arnon, 1949; Porra, 2002). However, it is also a poor

extractant for chl a from many vascular plants and

several algae, particularly cyanobacteria and green

algae (Schumann et al., 2005). Although 90% acetone

is most widely used as an extractant, it can cause

underestimation of chl a concentration (Furuya et al.,

1998). This is an important point for consideration in

extraction by soaking, as even the mechanical treat-

ments of samples, such as homogenization, contrib-

utes to loss of materials (Wright et al., 1997). The data

presented in this study clearly indicate that acetone is

an unsuitable solvent for cyanobacteria because of its

low efficiency of chl a extraction and its homogeni-

zation requirement. In addition, acetone is very

volatile and highly flammable, and it can cause

headaches, acts as a narcotic in high concentrations,

and is a skin irritant (erythema) (Ritchie, 2008). The

widespread use of plastic laboratory-ware also leads to

difficulties because acetone attacks polystyrene and

polymethacrylates (Ritchie, 2006).

Previous studies have noted that ethanol is an efficient

extractant (Wright et al., 1997). We found extraction

efficiency to be much better in 95% ethanol than in 90%

acetone. Moreover, extraction in the latter solvent

requires the filters to be homogenized. Moreover,

although ethanol is flammable, it is not very toxic and

is suitable for use in a laboratory (Castle et al., 2011).

Ethanol does not attack polystyrene; thus polystyrene

plastic cuvettes and laboratory plastic wares can be used

during extraction (Ritchie, 2006). Ethanol is also much

easier to transport and easier to handle in the field

compared with acetone. Thus, use of ethanol as solvent

for chl a extraction and assay is not only safe but also

considerable practical, safe, and economic advantages.

Among the solvents used for chl a extraction, DMF

is known for its extraction ability and efficiency across

various taxonomic groups (Furuya et al., 1998; Schu-

mann et al., 2005). The main advantages of using DMF

include its non-volatility, higher extraction efficiency,

rapid extraction time (tens of minutes), and the lack of

heating or grinding steps (Suzuki & Ishimaru, 1990).

Among the methods we tested for chl a extraction from

cyanobacteria, use of DMF resulted in the highest

concentration of chl a from all samples and only

required 30 min of incubation at room temperature.

The same conclusion was reported by Suzuki &

Ishimaru (1990) and Schumann et al. (2005). The only

disadvantage is that DMF may cause liver problems

when it is absorbed through the skin. Thus, disposable

latex gloves should always be used for protection while

handling DMF (Suzuki & Ishimaru, 1990).

DMSO has been used previously for extracting chl

a from biological soil crusts (Castle et al., 2011),

lichens (Ronen & Galun, 1984), and tree leaves (Alan,

1994). In our tests, among the four solvents tested for

chl a extraction from M. aeruginosa 905, DMSO gave

the lowest yield in all tested extraction methods. In

addition, DMSO showed the poorest correlation

between chl a concentration and cell density among

the four solvents. Moreover, DMSO solidified into a

crystal at lower temperatures because of its high

melting point of 18.5�C. Therefore, it was not suitable

for use at temperatures below 18.5�C. In addition,

DMSO is more toxic than acetone and ethanol (Porra,

2002). Significant health concerns that are associated

with routine use of DMSO exist and should be taken

into consideration (Castle et al., 2011).

We used three kinds of equations for spectropho-

tometric analysis of chl a in this study: trichromatic,

dichromatic, and monochromatic equations. It has

been reported that a trichromatic equation
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overestimates chl a concentration compared with a

monochromatic equation due to the presence of

pheopigments (Aminot & Rey, 2001). However, our

results indicate that no significant differences exist

between the three kinds of equations when computing

chl a concentration in the Anabaena sp. PCC 7120

cultures. Several differences in M. aeruginosa 905

cultures were seen, but no consistent trend was

observed for the trichromatic, dichromatic, and mono-

chromatic equations.

Conclusion

We used IPFs as flocculants and clay as a precipitant to

replace glass-fiber filters for algal cell harvesting. The

results indicated that different combinations of the

flocculant and clay concentrations had no negative

impacts on chl a concentration and their scanning

spectra. Another advantage of using IPFs and clay is

that they are cheaper. PAC and PFSA cost 2 RMB and

3.2 RMB per kilogram, respectively, whereas Whatman

GF/C filters (47 mm in diameter) cost 2 RMB per piece.

The extraction procedure requires only about 1 g PAC

or PFSA but at least one piece of GF/C filter is needed

for one sub-sample. For solvents, 95% ethanol was

found to be optimal for chl a assay for its low safety risk

and convenience, whereas 100% DMF was deemed

unsuitable owing to potential hazards to human health

and the environment even though it is a highly efficient

extractant. DMSO was the worst extractant and gave

the worst overall results. Therefore, we recommend a

combination of flocculation and centrifugation instead

of glass-fiber membrane filtration to harvest phyto-

plankton cells from water samples, using 95% ethanol

as solvent for chl a extraction without homogenization

and heating, and spectrophotometric determination of

chl a concentration in the extracts.
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